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Preface 

Cellulosic nanoparticles or nanocellulose provide a unique renewable building block 
on which materials with improved performance and new functionality can be pre-
pared. Basically divided into two main families (cellulose nanocrystals and micro-
fibrillated cellulose) depending on the way they are extracted from trees, plants, or 
other cellulose-containing species, they have the potential to play a major role in the 
21st century in the development of advanced materials.

In all terrestrial and aquatic plant species, the primary cell wall is a dynamic 
structure and its constituting material must be synthesized in a form that is compe-
tent to undergo extension. In this system, the function of cellulose is to provide the 
mechanical stiffness. The specific elastic modulus of crystalline cellulose is potentially 
stronger than steel and similar to Kevlar as reported in Chapter 1. Natural cellulose-
based materials have been used by our society as engineering materials for thousands 
of years and this continues today given the huge world-wide markets of industries 
in forest products, paper, textiles… However, in nature cellulose is generally closely 
associated with other materials and the release of cellulose nanoparticles involves a 
chemical purification step followed by high mechanical shearing treatment leading 
to microfibrillated cellulose or hydrolyzing treatment leading to cellulose nanocrys-
tals. The preparation of these cellulosic nanoparticles is described in Chapters 2 and 
3, respectively. Cellulose can also be synthesized in pure and highly crystalline micro-
fibrillar form by bacteria. This specific form of cellulose, called bacterial cellulose, is 
discussed in Chapter 4. Cellulosic nanoparticles have high aspect ratio, low density, 
and a highly reactive surface as a result of the high density of hydroxyl groups borne 
by the cellulose molecule. This latter characteristic facilitates the surface chemical 
modification of nanocellulose and grafting of chemical species which is addressed 
in Chapter 5. This surface functionalization provides new functionality and allows 
tailoring of cellulose nanoparticle surface chemistry to facilitate self-assembly, regu-
lated dispersion in a wide range of polymer matrices, and control of both the particle-
particle and particle-matrix bond strength. Because of their high specific surface area 
and reactive surface, cellulose nanoparticle suspensions show particular rheologi-
cal behavior. Besides, the rod-like morphology of hydrolyzed cellulose nanocrystals 
induces liquid crystalline behavior of the suspensions that can be tuned and captured 
in solid films. These aspects are detailed in Chapter 6. The function of cellulose in 
nature is to confer its mechanical properties to higher plant cells. This property can 
be potentially transferred to a polymeric matrix if a proper processing technique is 
used. The way of processing strongly impacts the morphology of the material and 
therefore the end-use properties of the obtained heterogeneous material. Chapter 7 
reviews the different processing methods that have been described in the literature 
to prepare polymer nanocomposite materials reinforced with nanocellulose. The 
thermal, mechanical and barrier properties of ensuing nanocomposites are discussed 
in the following three chapters. Besides, cellulose is not the only polysaccharide that 
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can be used to produce renewable nanoparticles. Starch and chitin are also suitable 
substrates to provide highly crystalline nanoscale particles with different morpholo-
gies and potential different properties as described in Chapter 11.

Nanocellulose has long been regarded as a laboratory curiosity. In recent years an 
incredible enthusiasm has arisen for these renewable nanoparticles and their extraor-
dinary possibilities. The field has generated an exceptional appeal throughout the 
world and the literature has literally exploded. This made writing this book difficult 
but exciting. This book includes both general and advanced chapters and should be 
used for numerous applications, i.e. teaching, research and industrial applications. It 
has been intended to be pedagogic to allow even novices to discover the basic knowl-
edge on nanocellulose.

I would like to deeply thank the Master and PhD students, as well as post-doc 
researchers who have worked with me during the last 15 years. Their intensive and 
dedicated work has contributed greatly, enriching the knowledge of this old redis-
covered material and this book would not have been possible without their highly 
appreciated help. I do not name them but they will recognize themselves.

November, 2012 Alain Dufresne
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1  Cellulose and potential reinforcement

There are numerous examples where animals or plants synthesize extracellular high-
performance skeletal biocomposites consisting of a matrix reinforced by fibrous 
biopolymers. Cellulose, the most abundant polymer on Earth, is a classic example 
of these reinforcing elements. It is a ubiquitous structural polymer that confers its 
mechanical properties to higher plant cells. Natural cellulose-based materials have 
been used by our society as engineering materials for thousands of years and this 
continues today given the worldwide huge markets and industries for forest products, 
paper, textiles … A closer look to this material reveals a hierarchical structure design 
which is the source of its functionality, flexibility and high strength/weight perfor-
mance.

1.1  Polysaccharides

Polysaccharides  form part of the group of molecules known as carbohydrates  and 
have been proposed as the first biopolymers to have formed on Earth (Tolstoguzov, 
2004). This term was applied originally to compounds with the general formula 
Cx(H2O)y but now it is also used to describe a variety of derivatives including nitrogen- 
and sulfur-containing compounds. Carbohydrates were once thought to represent 
“hydrated carbon”. However, the arrangement of atoms in carbohydrates has little 
to do with water molecules. They are classified on the basis of their main monosac-
charide components and the sequences and linkages between them, as well as the 
anomeric configuration of linkages, the ring size (furanose or pyranose), the absolute 
configuration (D- or L-) and any other substituents present.

Three common “single” sugars  or monosaccharides, viz. glucose, galactose  and 
fructose , share the same molecular formula C6H1206, and because of their six carbon 
atoms, each is a hexose (Figure 1.1). Although all three share the same molecular 
formula, the arrangement of atoms differs in each case and these substances, which 
have different structural formulas, are known as structural isomers.

Two monosaccharides can be linked together to form a “double” sugar or disac-
charide. Three common disaccharides can be found: sucrose (common table sugar, 
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(a) glucose (b) galactose (c) fructose

Fig. 1.1: Chemical structure of (a) glucose, (b) galactose and (c) fructose.
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consisting of glucose + fructose), lactose (major sugar in milk, consisting of glucose + 
galactose) and maltose (product of starch digestion, consisting of two glucose units). 
Although the process of linking of two monomers is rather complex, the end result 
in each case is the loss of a hydrogen atom from one of the monosaccharides and a 
hydroxyl group from the other. The resulting linkage between the sugars is called a 
glycosidic bond. All sugars are highly soluble in water because of their many hydroxyl 
groups and although not as concentrated a fuel as fats, they are the most important 
source of energy for many cells. Further linkages of disaccharides lead to polysac-
charides.

Certain structural characteristics, such as chain conformation and intermolecu-
lar associations, will influence the physico-chemical properties of polysaccharides. 
The most stable arrangement of atoms in a polysaccharide will be that which satis-
fies both the intra- and inter-molecular forces. Regular ordered polysaccharides are 
in general capable of assuming only a limited number of conformations due to severe 
steric restrictions on the freedom of rotation of sugar units about the interunit gly-
cosidic bonds. There is also a clear correlation between allowed conformations and 
linkage structure. The structural non-starch polysaccharides, such as cellulose  and 
xylan , have preferred orientations that automatically support extended conforma-
tions. Storage polysaccharides, such as the chains in amylopectin, tend to adopt wide 
helical conformations. The degree of stiffness and regularity of polysaccharide chains 
is likely to affect the rate and extent of their fermentation. Pentose sugars, such as 
arabinose  and xylose,  can adopt one of two specific conformations, furanose rings  
(often formed by arabinose) that can oscillate and are more flexible, and pyranose 
rings  (usually formed by xylose and glucose) which are less flexible.

Carbohydrates, especially those containing large numbers of hydroxyl groups, 
are often thought of as being hydrophilic but they are also capable of generating 
apolar surfaces depending on the monomer ring conformation, the epimeric struc-
ture, and the stereochemistry of the glycosidic linkages. Apolarity has been dem-
onstrated for dextrin , α-(l→4)-linked glucans, while dextran  α-(l→6)-glucans, and 
cellulose, β-(l→4)-glucans, are much less hydrophobic (in solution) and unable to 
project an apolar surface. Hydrophobicity will also be affected by the degree of poly-
saccharide hydration, particularly the amount of intra-molecular hydrogen bonding. 
Hydrophobicity will affect their availability for fermentation in the gut, and their 
binding to bile acids.

Polysaccharides are more hydrophobic if they have a greater number of internal 
hydrogen bonds, and as their hydrophobicity increases there is less direct interaction 
with water. Carbohydrates contain hydroxyl (alcohol) groups that preferentially inter-
act with two water molecules each if they are not in interaction with other hydroxyl 
groups on the molecule. Interaction with hydroxyl groups on the same or neighbor-
ing residues will necessarily reduce the polysaccharide’s hydration status. β-linkages 
to the 3- and 4- positions in mannose or glucose homopolymers allow strong inflex-
ible inter-residue hydrogen bonding, so reducing polymer hydration, and giving rise 
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to rigid inflexible structural polysaccharides, whereas α-linkages to the 2-, 3- and 4- 
positions in mannose or glucose homopolymers give rise to greater aqueous hydra-
tion and more flexible linkages (Almond, 2005).

1.2  Chemical structure of the cellulose macromolecule

Though cellulose has been used for centuries in highly diverse applications, its chem-
ical composition, structure and morphology remained very long ignored. Advances 
in the state of knowledge on the molecular structure of cellulose is intimately linked 
to the evolution of characterization techniques such as X-ray diffraction, electron 
microscopy, 13C solid state nuclear magnetic resonance (NMR) spectroscopy, neutron 
scattering …

The early work of Braconnot  concerning the acid hydrolysis of the substance 
constituting plant cell walls goes back to the early XIX century (Braconnot, 1819). 
However, it was Anselme Payen  who established that the fibrous component of all 
plant cells has a unique chemical structure (Payen, 1838) and first used the term “cel-
lulose” in 1838. He discovered that when plant tissue, cotton linters, root tips, pit and 
ovules from the flowers of trees are purified with an acid-ammonia treatment, fol-
lowed by an extraction in water, a constant fibrous material was formed. It required 
75 more years for the basic cellulose formula to be established by Willstätter and 
Zechmeister (1913).

This fibrous, tough, and water-insoluble substance is found in the protective cell 
walls of plants, particularly in stalks, stems, trunks and all woody portions of plant 
tissues. More generally, lower (fresh-water and marine algae) and higher (bushes 
and trees) plants, bacteria, fungi, and animals (for example, tunicates-cellulose from 
the mantle of tunicates is named tunicin) as well as some amoebas are well-known 
natural sources  of cellulose. Cellulose is often said to be the most abundant polymer 
on Earth. It is certainly one of the most important structural elements in plants and 
other living species serving to maintain their structure. Each of these living species, 
from tree to bacteria, produces cellulose day-by-day, e.g. a tree produces about 10 g of 
cellulose per day and the total production of cellulose all over the world is estimated 
to be 1.3⋅1010 tons per year (Sandermann, 1973). Other sources indicate that the global 
annual production of cellulose is estimated at 1.5⋅1012 tons (Klemm et al., 2005).

The paper and cardboard industries are the largest consumers of cellulose. Only 
2% of the cellulose used (3.2 million tons in 2003) is used to produce fibers, films of 
regenerated cellulose and for the synthesis of cellulose esters or ethers. Technological 
development, especially in the field of molecular biology, in these areas offers new 
opportunities. Some animals, particularly ruminants and termites, can digest cellu-
lose with the help of symbiotic microorganisms. Cellulose is not digestible by humans, 
and is often referred to as “dietary fiber” or “roughage”. To date, several reviews 
have been published on cellulose research, structure and applications (Gardner and 
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Blackwell, 1974; Preston, 1975; Sarko, 1987; Okamura, 1991; Hon, 1994; O’Sullivan, 
1997; Zugenmaier, 2001; Kovalenko, 2010).

Cellulose structure  has been under investigation since the early days of polymer 
science. It was shown (Irvine and Hirst, 1923; Freudenberg and Braun, 1928) that 2,3,6 
trimethyl glucose was the sole quantitative product resulting from methylation and 
hydrolysis of cellulose. This work evidenced that in cellulose the carbon atoms 2, 3 
and 6 carried free hydroxyls available for reaction. The basic chemical structure  of cel-
lulose is presented in Figure 1.2. It is composed of β-l,4-linked D-glucopyranose rings. 
The adjacent monomer units are arranged so that glucosidic oxygens point in oppo-
site directions and the repeating unit of the polymer chain of cellulose is composed 
of two β-D-glucopyranose rings rotated with respect to each other to form a so-called 
cellobiose  unit (Figure 1.2). The numbering system for carbon atoms in anhydroglu-
cose unit of cellulose is also indicated in Figure 1.2. The C—O—C bond angle between 
two β-D-glucopyranose rings is ~ 116° (Tarchevsky and Marchenko, 1991). Nowadays, 
the conformation of the glucopyranose ring is well established because numerous 
crystallographic investigations of D-glucose and cellobiose (Chu and Jeffrey, 1968) 
and other physico-chemical studies (Marszalek et al., 1998) provided evidence that 
the ring adopts a chair conformation designated 4C1 (in cellulose esters or ethers, 
the ring retains this conformation (Kovalenko, 2010)). As a result of its equatorial-
equatorial glycosidic linkage, the cellulose chains have their units positioned so that 
their adjacent rings can form hydrogen bonds between the ring oxygen atom of one 
glycosil unit and the hydrogen atom of the C-3 hydroxyl group of the preceding ring. 
These hydrogen bonds hinder the free rotation of the rings along their linking glyco-
side bonds resulting in the stiffening of the chain. 

OH
O

OHHO

OH
O

OHHOHO
O O H

n

4 6

5 2

1
3

Fig. 1.2: Basic chemical structure of cellulose and numbering system for carbon atoms in anhydro-
glucose unit of cellulose.

These cellobiose units are covalently linked to form an extended, insoluble, straight 
chain of linear homopolymer consisting of between 2,000–27,000 residues. The 
degree of polymerization   (DP) of native cellulose depends on the source and cellu-
lose chains are supposed to consist of approximately 10,000 glucopyranose units in 
wood cellulose and 15,000 in native cotton cellulose (Sjoström, 1981). There is some 
evidence for a lower DP in primary cell walls compared with secondary cell walls. 
Valonia presents a DP around 26,500. Given a glucose unit as 0.515 nm (5.15 Å) long, 
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for DP values ranging from 2,000 to 27,000, the cellulose molecules may have average 
lengths ranging between 1 and 14 μm by considering stretched chains.

However, chain lengths of such large, insoluble molecules are rather difficult to 
measure and the DP of native cellulose is not well established. The combination of 
procedures required to isolate, purify and solubilize cellulose generally causes enzy-
matic and mechanical degradation during analysis resulting in chains scission. The 
values of DP obtained are therefore minimal and depend on the method used to deter-
mine it. For the same reasons the distribution of chain lengths of cellulose is not well 
established. Nonetheless, some authors suggest that the molecular mass distribution  
should be homogeneous for a given source of cellulose (Marx-Figini, 1964).

One of the most specific characteristic of cellulose is that each of its monomers 
bears three hydroxyl groups  . These hydroxyl groups and their hydrogen bonding 
ability play a major role in directing crystalline packing and in governing important 
physical properties of these highly cohesive materials. The two chain ends are chemi-
cally different. One end has a D-glucopyranose unit in which the anomeric carbon 
atom is involved in a glycosidic linkage and has a free secondary alcohol function on 
the C4. The other end has a D-glucopyranose unit in which the anomeric carbon atom 
is free. This cyclic hemiacetal function is in an equilibrium in which a small propor-
tion is an aldehyde which gives rise to reducing properties  at this end of the chain so 
that the cellulose chain has a chemical polarity. This end is called reductive because 
it has the ability to reduce Cu2+ ions into Cu+ ions in a Fehling’s solution. This gives 
native cellulose a certain chemical polarity . Determination of the relative orientation 
of cellulose chains in the three-dimensional structure has been and remains one of 
the major problems in the study of cellulose.

1.3  Biosynthesis of cellulose

The biosynthesis  of cellulose is a very complex phenomenon that reflects two linked 
processes. The first one is the formation of β-1,4-D-glucopyranose chains by the 
polymerization of glucose, and the other one is the  organization of fibrillar supramo-
lecular architecture which leads to the formation of elongated crystalline structures. 
The latter, called microfibrils,  correspond to a collection of highly oriented cellulose 
chains. In vascular plants, cellulose is the constituent that ensures the protection and 
support of plant cells, and it is directly synthesized in the cell wall at the plasma 
membrane. The polymerization of glucose is provided by an enzyme system whose 
main family is named cellulose synthase  (CS). This enzyme family cannot function 
without the presence of another class of enzymes called SUSY (sucrose synthase ). The 
SUSY ensures a continuous supply of UDP-glucose (uridine diphosphate-glucose ) 
required for the operation.

In the presence of CS, the UDP-glucose unit initiates the polymerization process 
by loss of the UDP unit and dimerization of glucose. Many studies have been under-
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taken in order to create in vitro polymerization of glucose. The biosynthesis of cellu-
lose using bacteria, including Acetobacter xylinium was conducted in 1985 and led to 
the synthesis of fibrils in vitro by CS solubilized in the presence of Acetobacter xylin-
ium (Lin et al., 1985). Within the plant cell, the model  of Delmer and Amor proposed 
in 1995 (Delmer and Amor, 1995) represents the protein complex through the cytoplas-
mic membrane (Figure 1.3). This model describes the growth of glycosidic chains and 
the catalytic role of the main enzymes.

UDPG UDPG

UDPUDP

fructose

sucrose

UDPG UDPG

UDPUDP

fructose

sucrose

microfibril

crystallization

subunit

pore subunit

cell wall cytoplasm

CS
SuSy

microtubule

plasma membrane

rosette structure

sectional view

Fig. 1.3: Enzymatic system of polymerization of glucose across the plasma membrane: hypothetical 
model of a cellulose synthase complex in the plasma membrane (adapted from Delmer and Amor, 
1995).

SUSY hydrolyzes sucrose to fructose by creating a UDP-glucose unit and it is within the 
CS that polymerization occurs. This observation shows that microfibril bundles grow 
in a single plane of symmetry. A sectional view shows that these planes are organized 
as rosettes  (Saxena and Brown, 2000a). This simplified view does not report the entire 
phenomenon. The CS is not a single enzyme but contains several that are classified 
into major families of cellulose synthase (Saxena and Brown, 2000b). Indeed, there 
is probably no biochemical reaction in plants that is both so important and so poorly 
understood at the molecular level.

At the biopolymer chains supramolecular architecture level, electron microscopy 
studies conducted in 1976 showed that cellulose as a biopolymer displays an arrange-
ment known as microfibrils (Frey-Wyssling, 1976). Glucose chains aggregate together 
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by hydrogen bonds to form the metastable form of cellulose usually called cellulose 
I (see Section 1.4) (Cousins and Brown, 1995). The process of formation of the micro-
fibrils may be provided by four steps from the polymerization to the supramolecular 
arrangement of the chains. The first step consists in the enzymatic polymerization of 
glucose monomers (Figure 1.4, step 0). The chains are subsequently linked by van der 
Waals forces to form micro-sheets (Figure 1.4, step 1). The micro-sheets join together 
by hydrogen bonds to form microcrystals (Figure 1.4, step 2). Finally, several micro-
crystals combine to give the microfibrils (Figure 1.4, step 3) (Cousins and Brown, 1995).

enzyme
complex

enzyme
complex

1 mini-sheet
assembly

0 glucan chain
polymerization

3 microfibril
assembly

2 mini-crystal
assembly

Fig. 1.4: A proposed model for the stages of microfibril formation: (0) glucose monomers are polym-
erized enzymatically from catalytic sites in the enzyme complex subunits to form glucan chains, 
(1) the glucan chains associate via van der Waals forces to form mini-sheets, (2) mini-sheets associ-
ate and hydrogen bond to form mini- or microcrystals, (3) several microcrystals then associate to 
form a crystalline microfibril (Cousins and Brown, 1995).

The polymerization process is achieved by successive addition of two glucose units, 
which allows to say that the polymerization unit is not glucose but cellobiose. At the 
supramolecular level, the formation of microfibrils explains the parallel growth of 
polymeric chains. This metastable architecture is the one found in the majority of 
lignocellulosic plants, called cellulose I. However, during in vitro synthesis, the cellu-
lose chains arrange themselves in the crystalline form of cellulose II thermodynami-
cally more stable (see Section 1.4). The designation cellulose I is related to the fact 
that the crystalline structure of cellulose is not unique, which leads to raise the issue 
of  polymorphism of cellulose.
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1.4  Polymorphism of cellulose

The ribbon-like character observed for cellulosic macromolecules allows adjacent cel-
lulose chains to fit closely together in an ordered crystalline region. The free hydroxyl 
groups present in the cellulose macromolecule are likely to be involved in a number 
of intra and inter molecular hydrogen bonds, which may give rise to various ordered 
crystalline arrangements. In the cellulose biosynthesis, the polymerization of glu-
copyranose residues and the formation of crystalline domains are interrelated.

Cellulose has several polymorphs. The polymorphism is most typical of crys-
tals of organic compounds whose molecules contain groups capable of hydrogen 
bonding (Bernstein, 2002). The repeating unit of cellulose, or cellobiose, includes 
six hydroxyl groups and three oxygen atoms. Therefore, many possibilities of various 
hydrogen bonding systems result from the presence of six hydrogen bond donors and 
nine hydrogen bond acceptors. Because of different mutual arrangements of the glu-
copyranose rings and possibility of conformational changes of the hydroxymethyl 
groups, cellulose chains can exhibit different crystal packings (Kovalenko, 2010). As 
a result, cellulose exists in several crystal modifications, differing in unit cell dimen-
sions and, possibly, in chain polarity. The possible transitions between the different 
cellulose polymorphs are presented schematically in Figure 1.5.

cellulose I�

cellulose I�

cellulose IIcellulose IIII

cellulose IVI

cellulose IIIIII

cellulose IVII

�

�

�

NH3

NH3

NH3

NaOH, regeneration

NaOH, regeneration

Fig. 1.5: Interconversions of cellulose polymorphs.

1.4.1  Cellulose I

In nature, cellulose is found in the crystalline form of cellulose I  (native cellulose). 
As a first approximation, the structure of native cellulose determined by X-ray dif-
fraction was described as a monoclinic cell containing two cellulose chains (Gardner 
and Blackwell, 1974). The first assignment of the peaks obtained by 13C cross polar-
ized magic angle spinning (CP/MAS) NMR was performed by Earl and VanderHart 
(1981). Atalla and VanderHart (1984) have shown by NMR spectroscopic studies that 
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native cellulose is composed of more than one crystalline form and is a mixture con-
sisting of two polymorphs, viz. cellulose Iα and Iβ. Differences were reported in the 
resonances of the C1 atoms. A singlet and a doublet appeared around 106 ppm for 
cellulose Iα and Iβ, respectively. Initial ambiguity in the interpretation of crystal-
lographic data for native cellulose may be largely attributed to the co-existence of 
these two polymorphs. These two crystalline forms have the same conformation of 
the heavy atom skeleton, but differ in their hydrogen bonding patterns. The Iα form 
represents a triclinic phase with one-chain-per-unit cell, while the Iβ form represents 
a monoclinic phase with two-chains-per-unit cell. This description has been numeri-
cally simulated (Vietor et al., 2000). Nishiyama et al. (2003a) have confirmed and 
refined the crystal structures of both Iα and Iβ phases by the determination of the 
various network systems of hydrogen bonds. The experiments were conducted using 
jointly X-ray and neutron diffraction on hydrogenated and deuterated oriented fibers. 
The neutron diffraction experiments have allowed, among other things, replacing the 
hydroxyl hydrogen atoms by deuterium atoms, to determine the geometry of intra-
and interchain hydrogen bonding for both phases.

The ratio of the two allomorphs Iα and Iβ differs greatly depending on the species. 
The Iα phase is mainly found in celluloses produced by primitive organisms, such as 
algae or bacteria, while cellulose Iβ lies mainly in the cellulose produced by higher 
plants (cotton, wood, …) and animals, such as in the envelope of marine animals 
(Belton et al., 1989). In wood pulp, for example, the Iβ phase prevails with a pro-
portion of about 64%. Almost pure Iα cellulose can be obtained from bacteria (e.g., 
Acetobacter xylinum) or from the cell walls of fresh-water algae Glaucosystis nos-
tochinearum (Nishiyama et al., 2003b; Saxena and Brown, 2005; Witter et al., 2006). 
Polymorph Iβ is the major part of cellulose found in cotton, wood, and ramie and of 
tunicin from Halocynthia roretzi (Saxena and Brown, 2005; Nishiyama et al., 2002; 
Nishiyama et al., 2008). Tunicin possesses only the Iβ form but no pure sample of Iα 
has been found in nature. Bacterial cellulose has the highest content (70%) of poly-
morph Iα.

The content of polymorphs Iα and Iβ in cellulose can be changed under exter-
nal actions. Indeed, the polymorph Iα can be converted (not completely, however) 
into the more stable Iβ phase by annealing at 260°C to 280°C in various media, such 
as organic solvents or helium (Debzi et al., 1991), hydrolysis (Atalla et al., 1985) 
or passage through cellulose III. For example, annealing at 260°C in a 0.1 sodium 
hydroxide solution converts most of the Iα to the Iβ form. The dynamics of the trans-
formation of polymorph Iα into Iβ under heating of cellulose Iα in an inert atmosphere 
was investigated. Powder X-ray diffraction and two-dimensional Fourier transform 
infrared correlation spectroscopic studies showed that a high-temperature intermedi-
ate was formed around 200°C (Wada et al., 2003; Watanabe et al., 2007). The exist-
ence of both polymorphs in cellulose may affect the reactivity of native cellulose as Iα 
is metastable and thus more reactive than Iβ.
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1.4.2  Cellulose II

Native cellulose can be converted irreversibly into the thermodynamically more 
favorable cellulose II  polymorph by swelling native cellulose I (metastable form) in 
concentrated sodium hydroxide aqueous solutions (17 to 20% wt/vol) and removal 
of the swelling agent (this alkali treatment is named mercerization  process after its 
inventor Mercer in 1844). Mercerization is used to activate the polymer prior to the 
production of technical cellulose ether. The mercerization of cellulose leads only to its 
swelling, but not to dissolution. The insertion of chemical species induces the struc-
tural change and the passage from a structure with parallel cellulosic chains to a con-
figuration with anti-parallel chains.

Cellulose II can also be prepared by regeneration , which is the solubilization of 
cellulose I in a solvent followed by precipitation by dilution into an aqueous medium. 
This is the typical process for the technical spinning of man-made cellulose fibers. 
There are several industrial processes for the regeneration of cellulose, viz. fortisan 
(not used nowadays), viscose, copper ammonium, and N-methylmorpholine N-oxide 
(NMMO) processes. All these processes involve the dissolution of cellulose followed 
by the formation of regenerated cellulose fibers.

It was found that regeneration gives a higher level of conversion of cellulose I 
to cellulose II (Kolpak and Blackwell, 1976). The crystalline structure of cellulose II, 
determined by Kolpak et al. (1978) and Stipanovic and Sarko (1976), was studied by 
neutron diffraction to confirm that contrary to cellulose I, the arrangement is antipar-
allel chains (Lagan et al., 1999) which allows the establishment of a larger number of 
intermolecular hydrogen bonds than the native form. The transition from cellulose 
I to cellulose II is irreversible, which suggest that cellulose II is thermodynamically 
more stable than cellulose I. Cellulose II, like cellulose Iβ, has the monoclinic unit 
cell. The different arrangement of the chains (parallel in cellulose Iβ and antiparallel 
in cellulose II) is the most substantial difference between these two polymorphs. Even 
though the unit cells of cellulose II obtained by the two routes (mercerized and regen-
erated cellulose) resemble each other closely, small differences have been reported 
(Wellard, 1954).

Cellulose II is formed naturally by a mutant strain of Gluconacetobacter xylinum 
(Kuga et al., 1993) and occurs in the alga Halicystis (Sisson, 1938). They were both very 
useful to provide an insight into the crystalline structure of cellulose II.

1.4.3  Cellulose III

Treatment with liquid ammonia or with certain organic amines, such as ethylene 
diamine (EDA), followed by washing with alcohol allows the preparation of cellulose 
III  either from cellulose I (which leads to the form cellulose IIII) or from cellulose II 
(which leads to the form IIIII). A hexagonal unit cell is reported for cellulose III and it 
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has been found that the polarity of the resultant cellulose chains resembles that of the 
starting material. The lattice dimensions of cellulose IIII and cellulose IIIII are similar.

These transformations are reversible, suggesting that the chain orientation is 
similar to the one of the starting material. However, at the crystalline level, an exten-
sive decrystallization and fragmentation of the cellulose crystals were observed 
during the conversion of cellulose I to cellulose IIII (Sarko et al., 1976; Roche and 
Chanzy, 1981; Reis et al., 1991). During the reverse transition, i.e. conversion back to 
cellulose I, partial recrystallization takes place but the distortion and fragmentation 
of the crystals are irreversible and restoration of the damage done to the morphologi-
cal surface is incomplete. It was shown by 13C NMR that the transformation of cellu-
lose I to cellulose IIII polymorph induces a significant reduction of the lateral dimen-
sions of the crystallites (Sarko et al., 1976). At the same time, the cellulose chains 
show conformational changes arising from the primary hydroxyl groups.

1.4.4  Cellulose IV

Cellulose III treated at high temperature in glycerol is transformed into cellulose IV . 
Again two types exist, viz. cellulose IVI and IVII obtained from cellulose IIII and IIIII, 
respectively. The conversions are never totally complete, which explains the difficul-
ties in the production of good quality X-ray diffraction patterns (Buléon and Chanzy, 
1980). It is generally accepted that cellulose IVI is a disordered form of cellulose I. This 
could explain the reported occurrence of this form in the native state in some plants 
(primary walls of cotton and some fungi) as determined by X-ray diffraction (Chanzy 
et al., 1978; Chanzy et al., 1979). It has been confirmed by studies based on X-ray dif-
fraction and 13C solid state CP-MAS NMR experiments (Wada et al., 2004).

1.5  Cellulose microfibrils

As shown previously, the presence of many hydroxyl groups along the cellulose 
chain results in the formation of a network of intra- and intermolecular hydrogen 
bonds . In addition, a network of van der Waals connections is established between 
the chains layers (French et al., 1993). These two link networks allow the establish-
ment of ordered crystalline structures. Intramolecular hydrogen bonds  occur primar-
ily between the hydrogen borne by the OH group of the C3 carbon cycle and oxygen 
from the adjacent ring (O5) (see Figure 1.6). There may also be an interaction between 
the hydrogen borne by the primary OH group of the C6 carbon and oxygen from the 
carbon 2 hydroxyl of the adjacent ring. The intermolecular bonds  occur between the 
hydrogen of the HO-6 primary hydroxyl and oxygen in position O3 in a cycle of a 
neighboring unit.
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Fig. 1.6: Schematic representation of intra- and intermolecular hydrogen bonds in cellulose.

This ordered molecular arrangement of cellulosic chains parallel to each other is the 
basis of a crystal structure called microfibrils. The hierarchy of structure and supra-
molecular organization of cellulose are schematized in Figure 1.7.

cellulosic material

fiber
microfibrils

cellulose chains

Fig. 1.7: Schematic representation of the hierarchical structure of a lignocellulosic fiber (after 
Marchessault and Sundararajan, 1983).

The microfibrillar nature of cellulose was established from electron microscopy 
observations (Frey-Wyssling et al., 1948, Preston and Cronshaw, 1958). To describe 
the arrangement of the chains within the microfibrils, several models have been pro-
posed. They can be grouped into two categories: the models with stretched chains 
(Frey-Wyssling, 1954, Hess et al., 1957) and the models with folded chains (Dolmetsch 
and Dolmetsch, 1962, St John Manley, 1964; Marx-Figini and Schulz, 1966). The latter 
have been abandoned in favor of a crystal with stretched chains thanks to DP meas-
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urements performed on microtomed ramie fibers (Muggli et al., 1969; Mühlethaler, 
1969) and small angle X-ray diffraction experiments conducted by Bonard in 1966 
(Bonard, 1966). The stretched chains model was validated by studying the mechani-
cal properties of cellulose fibrils and the DP as a function of the length of the sample 
(Mark et al., 1969). It clearly indicated that the cellulose chains exist in an extended 
form in the crystal. More recent works on the chain polarity of cellulose microfibrils 
showed that the chains are parallel to the main axis of the microfibrils. This orien-
tation has been evidenced by experiments highlighting the unidirectional nature of 
the degradation of microcrystalline cellulose from Valonia under the action of exo-
cellulases (Chanzy and Henrissat, 1985).

Microfibrils have widths, lengths, shapes and crystallinities that may vary 
depending on the origin of cellulose as shown by transmission electron microscopy 
observations (Chanzy, 1990). However, they are always significantly longer than wide. 
The width of the microfibrils can vary from 2–3 nm for the cell walls of primary tissues 
of some plants to 60 nm for certain algae. The section  of microfibrils from Valonia 
is assumed to be square (Sassi and Chanzy, 1995) while that of tunicates is rather 
lozenge-shaped and becomes edged off after hydrolysis (Revol et al., 1992, Van Daele 
et al., 1992; Sugiyama et al., 1992). The schematic morphological characteristics of 
microfibrils of different origins are shown in Figure 1.8.

10–15 nm
tunicate
(Halocynthia
papillosa)

8–9 nm
bacterial
(Acetobacter
xylinum)

15–25 nm
alga (Valonia)

1.5–3 nm
primary wall
(parenchyma)

60– 5 nm
alga
(Micrasterias)

5–10 nm
secondary wall
(coton)

Fig. 1.8: Microfibril morphology depending on the origin of cellulose and order of magnitude of the 
widths.

For a long time, studies carried out at the sub-microscopic scale emphasized the dis-
continuous character of microfibrils. Experimental evidence was provided by wide 
angle (Fink et al., 1987) and small angle X-ray diffraction (Grigoriew and Chmielewski, 
1998), 13C CP/MAS solid state NMR experiments (Earl and VanderHart, 1981), and 
tensile tests performed on cellulose fibers (Ishikawa et al., 1997). Confinement of 
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microfibrils during their biosynthesis generates twists distributed along the chain. 
In these zones, the crystalline arrangement is destroyed. The periodic nature of this 
distribution of disordered or amorphous regions has been shown for ramie microfi-
brils by small angle neutron diffraction (Nishiyama et al., 2003a) with a periodicity 
of about 150 nm corresponding to the sizes estimated by diffraction of hydrolyzed 
microfibrils.

The exact organization of crystallites in the microfibril has not been up to now 
fully elucidated (number, spatial arrangement) but the microfibrillar  model of cellu-
lose considers a highly crystalline core surrounded by less organized surface chains 
(Preston and Cronshaw, 1958). The proportion of surface chains whose solid state 
NMR signal is different from the one of the crystalline core is directly dependent on 
the dimensions of the microfibril (Newman, 1999). The fraction of non-crystalline cel-
lulose chains corresponding to surface chains and amorphous regions is higher the 
finer the microfibril is. The amount of amorphous phase in the alga Valonia, which 
has large diameter microfibrils (15 to 25 nm), is of the order of a few per cent, whereas 
it is 30 to 35% for cotton linters with a section around 7 nm, and 65 to 70% for primary 
walls that have very fine microfibrils (1.5–3 nm). Increasing the number of molecules 
at the surface would result in a corresponding increase of reactivity, since the surface 
molecules are accessible for chemical or physical modification, while the cellulose 
molecules hidden inside the microfibril structure are not. The accessibility of amor-
phous cellulose surface chains to chemical modification may also be useful for deter-
mining the size of crystallites.

Therefore, in nature, cellulose occurs as a slender rod-like or threadlike entity, 
which arises from the linear association of crystallites. This entity is called the micro-
fibril (collection of cellulose chains) and it forms the basic structural unit of the plant 
cell wall. Each microfibril can be considered as a string of cellulose crystallites, linked 
along the chain axis by amorphous domains. They are biosynthesized by enzymes 
and deposited in a continuous fashion. Their structure consists of a predominantly 
crystalline cellulose core. This is covered with a sheath of paracrystalline polyglu-
cosan material surrounded by hemicelluloses.

Different models have been proposed in the literature for the fibrillar structure 
of cellulose. The generally most accepted is the one suggested by Fengel (1971) for 
the ultrastructure organization of the cell wall components in wood which had 
several layers of hemicellulose molecules between the fibrils (dimensions 12.0 nm) 
and a monomolecular layer of hemicellulose between the elementary fibrils. Lignin 
was envisaged as surrounding the total microfibrillar system as shown in Figure 1.9 
(Fengel, 1971). Fengel and Wegener (1984) present an accurate model that considers 
the intimate links between hemicellulose and cellulose on the one hand, and hemi-
cellulose and lignin on the other. In this model, the microfibrils of cellulose, the less 
ordered cellulose chains and hemicelluloses associate together through many hydro-
gen bonds. On the other hand, hemicellulose is more strongly linked to lignin by cova-
lent bonds. The Fengel model is relatively comprehensive, but does not fully take into 
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account the composite nature of the cellulose microfibrils (crystalline and amorphous 
parts). Indeed, if one considers a single macromolecule of cellulose, some parts of it 
are found in the crystalline parts, while others integrate less ordered areas.

Taylor and Wallace (1989) discussed the effect of the hemicellulose xyloglucan 
binding to the fibrils. The extent of the association between cellulose and xyloglucan 
is dependent on the source of cellulose (Hayashi and Maclachlan, 1984). Binding of 
xyloglucan has been suggested as a regulator of cellulose fibrillar size (Sasaki and 
Taylor, 1984).

1.6  Hierarchical structure  of plants and  natural fibers

The term “natural fibers”  covers a broad range of vegetable, animal, and mineral 
fibers. However, in the composites industry, it usually refers to wood fibers and agro-
based bast, leaf, seed, and stem fibers. Natural fibers are not limited to a macroscopic 
view of cellulose. A more intimate insight accounts for hierarchical assemblies of 
microfibers called microfibrils, which are themselves the product of the supramolecu-
lar architecture of the basic polymer, namely cellulose as shown in Section 1.5.

Wood and plants are cellular hierarchical biocomposites designed by nature 
and they are basically semicrystalline cellulose microfibril-reinforced amorphous 
matrices made of hemicellulose, lignin, waxes, extractives and trace elements. 
Lignocellulosic fibers consist therefore of microfibrils aggregate. The primary cell wall 
is then essentially a composite material consisting of a framework of cellulose micro-
fibrils embedded in a cementing matrix of other, mostly hemicelluloses  and lignin , 
polymers. Hemicellulose is not a form of cellulose but falls into a group of polysac-
charides (with the exception of pectin) attached to the cellulose after the lignin has 
been removed. However, their structure contains many different sugar units, apposed 
to the D-anhydroglucose units in cellulose, and is a highly branched polymer com-

3 nm

� 30 nm

cellulose elementary fibril
hemicelluloses
lignin

Fig. 1.9: Model of the wood cellulose microfibril structure, consisting of elementary nanofibrils. 
Adapted from Fengel and Wegener (1984).
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pared to the linearity of cellulose. Lignin is generally considered as a little under-
stood hydrocarbon polymer with a highly complex structure consisting of aliphatic 
and aromatic constituents and forms the matrix sheath around the fibers that holds 
the natural structure (e.g. trees) together.

The structure of plants spans many length scales, like many other biologi-
cal tissues including bones (this basic structure of all vertebrates is made of colla-
gen fibrils embedded in an inorganic apatite matrix) and teeth, in order to provide 
maximum strength with a minimum of material. Wood, which is approximately 
40–50 wt% cellulose with about half in nanocrystalline form and half in amorphous 
form, is a well-known example (Figure 1.10). Meters describe the whole tree, centim-
eters describe structures within the cross-section, millimeters describe growth rings, 
tens of micrometers the cellular anatomy, micrometers describe the layer structure 
within cell walls, tens of nanometers describe the configuration of cellulose fibrils 
in a matrix mainly composed of hemicellulose and lignin, and nanometers describe 
the molecular structures of cellulose, hemicellulose, and lignin and their chemical 
interactions (Moon, 2008).

From a structural point of view, natural fibers are multicellular in nature and 
consist of bundles of elongated mostly cylindrical honeycomb cells which have differ-

tree transverse section growth ring cellular structure
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Fig. 1.10: Wood hierarchical structure: from tree to cellulose (Moon, 2008).
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ent sizes, shapes and arrangements depending on the source of plant fiber. These cells 
are cemented together by an intercellular substance which is isotropic, non-cellulosic 
and ligneous in nature. They are like microscopic tubes, i.e.  cell walls surrounding the 
center  lumen that contribute to the water uptake behavior of plant fibers (Figure 1.11). 
Therefore, natural fibers present a multi-level organization  and consist of several 
cells formed out of semicrystalline oriented cellulose microfibrils connected to a com-
plete layer by lignin, hemicelluloses and in some cases pectins. Table 1.1 reports the 
mean chemical composition  of some natural fibers. These values are obviously only 
indicative since climatic conditions, age and digestion process influence not only the 
structure of fibers but also their chemical composition. With the exception of some 
species, like cotton, nettle and others, the components of natural fibers are cellulose, 
hemicelluloses and lignin which are the basic components with regard to the physical 
properties of the fibers.

primary wall (fibrils of cellulose
in a lignin-hemicellulose matrix)

middle lamella

lumen

S1,2,3: secondary wallsS2

S3

S1

Fig. 1.11: Schematic structure of a natural fiber cell (Bismarck et al., 2002).

Cell wall architectures are the nanodimensional structures composed of multiple 
elementary nanofibril arrangements. Cellulose fibrils self-assemble in a manner 
similar to liquid crystals leading to nanodimensional structures seen in typical plant 
cell walls. The cell walls differ in both their composition and orientation of cellulose 
microfibrils. In most plant fibers, the cellulose microfibrils in the central walls, the 
major part of the cell wall representing up to 86% of the cell wall (Fengel and Stoll, 
1973) is labeled S2, form a constant angle to the normal axis called the  microfibrillar 
angle  (Figure 1.12). The normal axis corresponds to the longitudinal direction of the 
tracheid (i.e. of the stem or of the branch). In the second largest layer of the cell wall, 
labeled S1, the fibrils run at a gentle helical slope roughly perpendicular to the ones 
in the S2 (Fengel and Wegener, 1984; Reiterer et al., 1998).

The characteristic value for this structural parameter varies from one plant fiber 
to another and the crystallites are therefore arranged in a spiral form, the pitch of 
which is specific of a given source. The spiral angle in the S2 (as in the other different 
cell wall layers) can be measured using polarized light microscopy (Preston, 1934; 
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Fiber Cellulose (wt%) Hemicellulose (wt%) Lignin (wt%) Waxes (wt%)

Abaca 56–63 20–25 7–9 3
Alfa 45.4 38.5 14.9 2
Bagasse 55.2 16.8 25.3 –
Bamboo 26–43 30 21–31 –
Banana 63–64 19 5 –
Coir 32–43 0.15–0.25 40–45 –
Cotton 85–90 5.7 – 0.6
Curaua 73.6 9.9 7.5 –
Flax 71 18.6–20.6 2.2 1.5
Hemp 68 15 10 0.8
Henequen 60 28 8 0.5
Isora 74 – 23 1.09
Jute 61–71 14–20 12–13 0.5
Kenaf 72 20.3 9
Kudzu 33 11.6 14 –
Nettle 86 10 – 4
Oil Palm 65 – 29 –
Piassava 28.6 25.8 45 –
Pineapple 81 – 12.7 –
Ramie 68.6–76.2 13–16 0.6–0.7 0.3
Sisal 65 12 9.9 2
Sponge Gourd 63 19.4 11.2 3
Sun Hemp 41–48 8.3–13 22.7 –
Wheat Straw 38–45 15–31 12–20 –

Table 1.1: Chemical composition of various natural fibers (Valadez-Gonzalez et al., 1999; Hattallia 
et al., 2002; Hoareau et al., 2004).

helically arranged
crystalline microfibrils
of cellulose

amorphous region
mainly consisting of
lignin and hemicellulose

disorderly arranged
crystalline cellulose
microfibrils networks

primary wall

secondary wall S1

secondary wall S2

spiral angle

lumensecondary wall S3

Fig. 1.12: Schematic structure of an elementary plant fiber (cell). The secondary cell wall, S2, makes 
up about 80 per cent of the total thickness (Rong et al., 2001).
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Boyd and Foster, 1974), staining methods for microscopic investigations (Hiller, 1964; 
El-Osta et al., 1972), X-ray diffraction methods (Kantola and Seitsonen, 1961; Kantola 
and Seitsonen, 1969; El-Osta et al., 1972; El-Osta, 1973; Paakkari and Serimaa, 1984) 
and small-angle X-ray scattering (Jakob et al., 1994; Reiterer et al., 1998). Hence the 
properties of the single fibers depend on the crystallite content, their sizes, shape, 
orientation, length/diameter (L/D) or aspect ratio of cells, thickness of cell walls, 
and finally, lumen. In general, the fiber strength increases with increasing cellulose 
content and decreasing spiral angle with respect to fiber axis. The most important 
factor controlling the different types of natural fibers is their species because the 
properties of fibers are different between different species. In addition, the properties 
of fibers within a species vary depending on area of growth, climate and age of the 
plant. Lastly, the properties of natural fibers vary greatly depending on the processing 
method used to break down the lignocellulosic substrate to the fiber level.

The outer cell wall is porous and contains almost all of the non-cellulose com-
pounds, except proteins, inorganic salts and coloring matter and it is this outer cell 
wall that creates poor absorbency, poor wettability and other undesirable textile prop-
erties. In most applications, fiber bundles or strands are used rather than individual 
fibers. Within each bundle the fiber cells overlap and are bonded together by pectins 
that give strength to the bundle as a whole. However, the strength of the bundle struc-
ture is significantly lower than that of the individual fiber cell. Then the potential of 
individual fibers is not fully exploited.

Multiple such cellulose-lignin/hemicellulose layers in one primary and three sec-
ondary cell walls stick together to a multiple-layer-composite. Such microfibrils have 
typically a diameter of about 2–20 nm, are made up of 30 to 100 cellulose molecules 
in extended chain conformation and provide the mechanical strength to the fiber. 
The degree of crystallinity and typical dimensions of cellulose microfibrils depend on 
their origin, although the biosynthetic mechanism is the same in all organisms (Sarko 
and Muggli, 1974; Woodcock and Sarko, 1980). 

1.7  Potential reinforcement  of cellulose

To be potentially mechanically effective, reinforcement must have a modulus and 
strength that greatly exceed those of the continuous medium in which it is dispersed. 
This stiffening is generally obtained at the expense of the ductility or plasticity of the 
material that becomes more brittle. The modulus of glassy and rigid crystalline poly-
mers is of the order of a few 109 Pa, i.e. a few GPa. Therefore, the modulus of cellulosic 
particles must be significantly higher than this value to be exploitable and potentially 
usable as a load-bearing element for glassy polymers. In addition, it must be homo-
geneously dispersed and distributed, and the level of adhesion between both phases 
should be sufficient to allow proper stress transfer from the matrix to the reinforcing 
phase across the interface upon loading.
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In nature, cellulose is a ubiquitous structural polymer that confers its mechani-
cal properties to higher plant cells. The hierarchical structure of natural fibers, based 
on their elementary nanofibrillar components, leads to the unique strength and high 
performance properties of different species of plants. Indeed, the most important 
attribute of wood and other lignocellulosic materials is their mechanical proper-
ties, in particular their unusual ability to provide high mechanical strength and high 
strength-to-weight ratio while allowing for flexibility to counter large dimensional 
changes due to swelling and shrinking. In all terrestrial and aquatic plant species, the 
primary cell wall is a dynamic structure and its constituting material must be synthe-
sized in a form that is competent to undergo extension.

The mechanical properties of cellulose can be characterized by its properties in 
both the ordered (so-called crystalline) and disordered (so-called amorphous) regions 
of the molecule. The chain molecules in the disordered regions contribute to the flex-
ibility and the plasticity of the bulk material, while those in the ordered regions con-
tribute to the stiffness and elasticity of the material. As they are almost defect-free, 
the modulus of cellulosic nanocrytals is close to the theoretical limit for cellulose. 
The promise behind cellulose-derived composites lies in the fact that the axial spe-
cific Young’s modulus (modulus-to-density ratio) of the basic cellulose crystal derived 
from theoretical chemistry is potentially stronger than steel and similar to Kevlar.

1.7.1  Mechanical properties  of natural fibers

The properties of natural fibers are strongly influenced by many factors, particularly 
chemical composition and location in plants. In most natural fibers the microfibrils 
orient themselves at an angle to the fiber axis called the microfibril angle. A weak 
correlation between strength and cellulose content and microfibril or spiral angle 
is found for different plant fibers (Lee and Rowell, 1991). In general, fiber strength 
increases with increasing cellulose content and decreasing spiral angle with respect 
to fiber axis. This means that the most efficient cellulose fibers are those with high 
cellulose content and low microfibril angle. Other factors that may affect the fiber 
properties are maturity, separating process, microscopic and molecular defects such 
as pits and nodes, type of soil and weather conditions under which they were grown.

The mechanical properties reported in the literature for some plant fibers are col-
lected in Table 1.2. They are generally determined from tensile tests performed on 
more or less individual fibers (bundles of fiber) despite a great variability of results. 
The experimental conditions (temperature and relative humidity) should be strictly 
controlled because of the great variability of the properties of natural fibers with 
respect to these parameters. A circular cross section is generally assumed to calcu-
late the cross-sectional area of the sample and thus convert the applied load into 
stress. For statistical significance a large number of tests are required (Eichhorn et al., 
2000). These mechanical properties are much lower when compared to those of the 
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most widely-used competing reinforcing glass fibers. However, because of their lower 
density, the specific properties  (property-to-density ratio), strength , and stiffness  of 
plant fibers are comparable to the values of glass fibers (Bismarck et al., 2005).

Fiber Density 
(g⋅cm−3)

Diameter 
(μm)

Tensile Strength 
(MPa)

Young’s Modulus 
(GPa)

Elongation at 
break (%)

Flax 1.5 40–600 345–1,500 27.6 2.7–3.2
Hemp 1.47 25–500 690 70 1.6
Jute 1.3–1.49 25–200 393–800 13–26.5 1.16–1.5
Kenaf 930 53 1.6
Ramie 1.55 400–938 61.4–128 1.2–3.8
Nettle 650 38 1.7
Sisal 1.45 50–200 468–700 9.4–22 3–7
Henequen
PALF 20–80 413–1,627 34.5–82.5 1.6
Abaca 430–760
Oil Palm EFB 
(empty fruit 
bunch)

0.7–1.55 150–500 248 3.2 25

Oil Palm 
 Mesocarp

80 0.5 17

Cotton 1.5–1.6 12–38 287–800 5.5–12.8 7–8
Coir 1.15–1.46 100–460 131–220 4–6 15–40

E-glass 2.55 < 17 3,400 73 2.5
Kevlar 1.44 3,000 60 2.5–3.7
Carbon 1.78 5–7 3,400–4,800 240–425 1.4–1.8

Table 1.2: Characteristic values for the density, diameter and mechanical properties of vegetable and 
synthetic fibers (Bismarck et al., 2005).

Raman spectroscopy   is an invaluable method for evaluating changes that occur in a 
fiber structure subjected to a mechanical solicitation, i.e. stress and strain (Eichhorn 
et al., 2001a). With this method, the molecular deformation mechanisms of the poly-
meric chains can be examined through the large stress-induced Raman band shifts 
that can occur during deformation. Therefore, the technique relies on the accurate 
measurement of the position of a structurally characteristic Raman band as a func-
tion of external deformation of the fiber, whether in air or when incorporated into a 
composite material. It has been successfully applied to study deformation processes 
for a wide variety of aromatic high-modulus polymeric fibers (Yeh and Young, 1999). 
The Raman peak shifts towards lower wavenumbers are thought to correspond to the 
direct deformation of bonds within the cellulose chain structure as first demonstrated 
and predicted theoretically for polydiacetylene single crystals (Batchelder and Bloor, 
1979).
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For cellulose, the positions of characteristic bands located at 1414, 1095 and 
895  cm−1 have been reported to shift (Hamad and Eichhorn, 1997; Eichhorn et al., 
2000; Eichhorn and Young, 2003; Eichhorn and Young, 2004; Gierlinger et al., 2006; 
Peetla et al., 2006; Tze et al., 2006; Tze et al., 2007). For a number of cellulosic 
materials (regenerated and natural fibers, wood, and paper), it was reported that 
during tensile deformation the highest intensity Raman band located at 1095 cm−1, 
corresponding to the stretching mode of C–O within the ring structure of cellulose 
(Blackwell et al., 1970; Attala, 1976), shifted towards lower wavenumbers and was 
most indicative of the molecular deformation (Hamad and Eichhorn, 1997; Eichhorn 
et al., 2001a). An example of the effect of deformation on the position of the Raman 
band initially located at 1095 cm−1 for coir fibers is shown in Figure 1.13(a). This effect 
is indicative of the stress level in the fibers. An example of a typical shift Raman peak 
in the 1095 cm−1 peak position with strain for a fibrous fragment of microcrystalline 
cellulose in an epoxy resin is shown in Figure 1.13(b). Moreover, the rate of Raman 
band shift was shown to be invariant with stress, which is consistent with a fiber 
structure based on a modified series aggregate model. Since the Raman band located 
at 1095 cm−1 is associated with the backbone of cellulose, its intensity is sensitive to 
the orientation of these chains with respect to the polarization direction of the laser 
(Bakri and Eichhorn, 2010). After the fiber failed, the band was found on its original 
position again, proving the elastic nature of the deformation (Gierlinger et al., 2006).

Fourier transform near-infrared (FT-NIR) Raman microspectroscopy was used to 
investigate the micromechanical tensile deformation behavior of hemp fibers (Peetla 
et al., 2006). Mechanical properties were accessed for different dew-retting durations 
and alkali chemical treatments with aqueous sodium hydroxide solutions (merceri-
zation treatment) of different concentrations. The macroscopic results (tensile tests) 
were found to be in accordance with the microscopic results. The tensile modulus and 
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Fig. 1.13: (a) Example of a typical shift in the position of the Raman band initially located at 
1095 cm−1 for a coir fiber deformed in tension (Bakri and Eichhorn, 2010). The strain rate is indicated 
in the Figure. (b) Typical shift of the 1095 cm−1 Raman peak for a fibrous fragment of microcrystalline 
cellulose (Eichhorn and Young, 2001).
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tensile strength ranged between 7.8 and 12.8 GPa, and 93 and 250 MPa, respectively, 
depending on the retting level, and decreased down to 4.7 GPa and 74 MPa, respec-
tively, for hemp fibers treated under strong mercerization conditions. The Young’s 
modulus of a particulate form of cellulose, namely microcrystalline cellulose, was 
estimated from the values of the shift rate of the 1095 cm−1 Raman band with strain 
(Eichhorn and Young, 2001). This shift was monitored and compared to the deforma-
tion of natural fibers (flax and hemp). A value of 25 ± 4 GPa was reported. It has been 
shown that this value is consistent with the degree of crystallinity of microcrystalline 
cellulose measured from X-ray diffraction experiments.

Another important Raman band at 1414 cm−1 is associated with 3-atom band 
vibrations (HCC, HCO and HOC bending) that ought to be influenced by transverse 
forces through side-chain hydrogen bonding. The significant shift of this peak upon 
deformation shows the important role of hydrogen bonding within the structure in 
stress-transfer between adjacent cellulose chains (Eichhorn et al., 2003). Raman 
spectroscopy has been shown to be also a useful tool for characterizing the orienta-
tion of the fibrillar structure in cellulosic fibers and for following their micromechani-
cal deformation (Bakri and Eichhorn, 2010).

1.7.2  Mechanical properties of cellulose microfibrils

The mechanical properties  of constitutive microfibrils released from lignocellulosic 
fibers should be less dispersed because of a more homogeneous nature. Moreover, the 
modulus  of individual microfibrils must be higher than that of lignocellulosic fibers. 
However, the analysis of plant primary cell walls tissues is difficult using standard 
techniques. The properties of the nanoscopic fibrous components cannot be physi-
cally measured without extracting them from the tissue, which may result in signifi-
cant chemical alteration and mechanical damage.

A structural approach has been used to develop a hierarchical description of plant 
tissue mechanical properties down to the level of cell wall components (Hepworth 
and Bruce, 2000). This model was used to back calculate cell wall microfibril proper-
ties. Force deflection data from the compression of cubes of potato tissues (loading 
rate 10 mm⋅min−1) were fed in a model containing two structural levels, the cell struc-
ture and the cell wall structure. Materials properties were assigned at the level of cell 
wall microfibrils. The modulus was found to vary with the strain and displayed a 
maximum value of 130 GPa. The maximum microfibril strain was chosen as the value 
after a tissue deformation of 22% that corresponds to the maximum tissue deforma-
tion at which the constant volume assumption was applicable at this particular rate of 
tissue deformation. At 8% wall strain, i.e. the value at which failures were suspected 
to begin, the stress was predicted to be 7.5 GPa. This value is also close to theoretical 
chemistry predictions of 7–8 GPa for the strength of cellulose microfibrils and failure 
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by chain scission. At larger strains the modulus decreased significantly, showing the 
influence of non-cellulosic polysaccharides on the microfibril properties.

Atomic force microscopy (AFM) allows the direct and accurate mechanical 
characterization of nanomaterials. The AFM tip can be used to measure the elastic 
modulus of suspended single filaments such as cellulose microfibrils by performing 
a nanoscale  three-point bending test, in which the center of the filament is deflected 
by a known force (Figure 1.14). In this experiment, the AFM cantilever applies the 
known force on a filament bridging a gap. The stiffness of bacterial cellulose consist-
ing of filaments with diameters ranging from 35 to 90 nm has been determined by 
this technique (Guhados et al., 2005). The sample was imaged in contact mode to 
locate isolated bacterial cellulose filaments that spanned the gap of a silicon-nitride-
coated silicon grating with a pitch of 3.0 μm and nominal step height of 1000 nm. 
Once identified, the filaments were imaged at higher resolution to determine their 
dimensions. The cantilever deflection was recorded as a function of vertical sample 
displacement. In principle, the deflection of the filament is due to tensile/compres-
sive and shear deformations. However, when the ratio of the length of filament that 
bridges the gap to the diameter is higher than 16, which was the case in this study, 
shear can be neglected. No dependence on diameter was observed, indicating that 
shear forces can be effectively neglected and that the filaments behave mechanically 
like a homogeneous material. A Young’s modulus value of 78 ± 17 GPa was reported. 
This value is lower than the one reported for single filaments of bacterial cellulose 
(114 GPa) and obtained by following the shift of the 1095 cm−1 Raman  band towards 
lower wavenumbers upon the application of tensile deformation (Hsieh et al., 2008). 
The authors explained the discrepancy with the value obtained by AFM tip bending of 
cellulosic filaments (Guhados et al., 2005) by the different solicitation applied to the 
sample, modulus values obtained in bending being expected to be different to those 
obtained in tension.

deflection

span

sample
tip

F

grating

Fig. 1.14: Schematic of the measurement of the elastic modulus of single filaments using AFM by 
performing a nanoscale three-point bending test.
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Similar AFM tip bending experiments were performed on bundles of cellulose micro-
fibrils and the effects of both the isolation process and the cellulose source on the 
elastic modulus were investigated (Cheng et al., 2009). Regenerated cellulose fibers 
(Lyocell), pure cellulose flours and pulp fibers were used. Defibrillation was per-
formed by mechanical methods with high shear force, viz. ultrasonic treatment and 
high-pressure homogenization. Commercial microfibrillated cellulose (MFC) (Daicel 
Chemical Industries Ltd., Japan) was also used as reference. A broad range of diame-
ters was obtained for cellulose microfibril bundles and only filaments with diameters 
in the range 150–300 nm were investigated. The cellulosic filaments were suspended 
over the edged groove in a silicon wafer. The wafer had grooves with 5 μm in width 
and 1360 nm in depth. The elastic modulus of lyocell microfibril bundles with diame-
ters ranging between 150 and 180 nm was evaluated to be 98 ± 6 GPa. Values of 81 ± 12 
GPa and 84 ± 23 were reported for pulp and MFC, respectively. These values decreased 
sharply for diameters above 180 nm. The different values reported for the stiffness of 
cellulose microfibrils (or bundles) are collected in Table 1.3.

Material Method EL (GPa) Reference

Potato Tuber Tissue Calculation 130 (Hepworth and Bruce, 2000)

Bacterial Cellulose AFM 78 ± 17 (Guhados et al., 2005)

Bacterial Cellulose Raman 114 (Hsieh et al., 2008)

Lyocel Microfibrils AFM 98 ± 6 (Cheng et al., 2009)
Pulp Microfibrils 81 ± 12
Commercial MFC 84 ± 23

Table 1.3: Longitudinal (EL) modulus of cellulose microfibrils.

1.7.3  Mechanical properties  of cellulose crystal

The modulus  of cellulose microfibrils is expected to result from a mixing rule of the 
modulus of the crystals, the amorphous fraction and defects/air in the sample. As for 
any semicrystalline polymer, the crystalline regions of cellulose act as physical cross-
links for the material. In this physically cross-linked system, the crystalline regions 
would also act as filler particles due to their finite size, which would increase the 
modulus substantially.

The elastic modulus of the crystalline region of cellulose is an important property 
of this material, especially with respect to the ultimate aim of exploiting its full poten-
tial in composite materials. The elastic properties  of cellulose crystalline regions have 
been investigated since the mid-1930s either by theoretical evaluations or by experi-
mental measurements (wave propagation, X-ray diffraction, Raman spectroscopy, 
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and AFM). It was shown in 1936 (Meyer and Lotmar, 1936) that the modulus of elas-
ticity corresponding to the principal chain direction of a polymer crystal of specified 
nature may be calculated from the force constants of the chemical bonds of the chain 
derived from vibration frequencies of molecules. Appling the method to the cellulose 
crystal, the authors obtained for two different estimates of force constants longitudi-
nal modulus values of 7.7⋅1011 and 12.1⋅1011 dyn⋅cm−2, i.e. 77 and 121 GPa. Another 
calculation of the elastic modulus of polymer crystal has been made following a 
method applied to other polymers by treating an isolated molecule and considering 
the changes in bond lengths and bond angles caused by the application of a stress 
(Treloar, 1960). The changes in these quantities were calculated from the appropriate 
force constants derived from spectroscopic data. A value of 5.65⋅1011 dyn⋅cm−2, i.e. 
56 GPa was derived for cellulose. This quite low value was assigned to the neglect of 
secondary forces derived from spectroscopic data.

The cellulose crystal modulus was first studied experimentally in 1962 for cellu-
lose I (Sakurada et al., 1962) and cellulose II (Mann and Roldan-Gonzales, 1962). For 
cellulose I, the modulus value was determined from the crystal deformation of highly 
oriented fibers of bleached ramie. In this study, the experimental determination of the 
elastic moduli of crystalline regions of other polymers, such as polyethylene, polyvi-
nyl alcohol, polyvinylidene chloride, polypropylene, and polyoxymethylene, was also 
investigated using highly oriented filaments or fibers. The lattice extension was meas-
ured by X-ray diffraction under a constant stress, so that the relaxation had no influ-
ence on the result. The fiber specimen around 35 mm long was mounted horizontally 
in stretching clamps and a constant weight was applied to the fiber by use of a pulley 
in order to induce a given extension. The stress in the crystalline regions was assumed 
to be equal to the stress applied to the sample, and this assumption of a homogeneous 
stress distribution was proven experimentally. At the zero position of the mount, the 
angle between the X-ray beam and fiber axis was 90°. The fiber axis was tilted by an 
angle θ to meet the Bragg conditions and obtain the most intense diffraction rays. The 
lattice extension was measured under this constant stress and similar experiments 
were carried out by varying the thickness of the fiber and the applied weight. Then, 
the stress-strain curves were plotted. The calculation of the elastic modulus was based 
on the assumption of the series model in which crystalline and amorphous regions 
alternate along the length of the fiber. A value of 134⋅104 kg⋅cm−2, i.e. 134 GPa, was 
reported for cellulose I. The dimensions of the unit cell were a = 8.35 Å, b = 10.3 Å, c = 
7.9 Å (corresponding to the FIP – fiber identity period – or length of 2 glucose units), 
and β = 84°. Measurements were also performed under various relative humidities 
(Sakurada et al., 1964), for which the modulus of the macroscopic specimen changed 
from 12 to 27 GPa. This change was assumed to be due to the strong variability of the 
properties of amorphous regions upon water vapor adsorption since the modulus of 
crystalline domains remains unchanged when varying the atmosphere.

X-ray measurements of the elastic modulus of cellulose II crystals were performed 
using Fortisan H fibers (Mann and Roldan-Gonzales, 1962). The position of the 040 
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reflection was measured with and without load on the fibers. The crystallographic 
040 planes are perpendicular to the chain axes of the cellulosic molecules and the 
040 spacing gave a measure of the length of the repeating unit of the chain. An appar-
ent modulus value ranging between 7 and 9⋅1011 dyn⋅cm−2, i.e. 70 and 90 GPa, was 
calculated for crystalline regions on the basis of a series model.

The crystallite modulus of native cellulose along the chain has been calculated 
based on the X-ray analyzed molecular conformation and the force constants used in 
the vibrational analysis, i.e. which can well reproduce the actual infrared and Raman 
spectral data (Tashiro and Kobayashi, 1985). The molecular model was based on the 
result of the X-ray analysis reported by Gardner and Blackwell (1974). The dimensions 
of the unit cell were a = 16.34 Å, b = 15.72 Å, c = 10.38 Å, and β = 97°. The intramolecu-
lar force constants of the valence-force-field type were adapted from Cael et al. (1975) 
with some modification. The calculated values were 172.9 and 70.8 GPa when intra-
molecular hydrogen bonding was taken or was not taken into account, respectively. It 
evidenced the important role of intramolecular bonding on the determination of the 
crystallite modulus and chain deformation mechanism.

Molecular mechanics calculations have been performed on cellobiose to predict 
the modulus of elasticity of the cellulose chain (Kroon-batenburg et al., 1986). Either 
one or two intramolecular hydrogen bonds in cellobiose, parallel to the glycosidic 
linkage, were considered. The values derived from the model were 136 and 89 GPa, 
respectively. A good agreement was observed between these predicted data and 
experimental values for native (cellulose I) and regenerated (cellulose II) fibers. It was 
therefore concluded that the essential distinction between the conformations of the 
cellulose chain in the native and regenerated fibers was the number of intramolecular 
hydrogen bonds in the monomeric unit. This difference was supposed to be responsi-
ble for the respective values of the chain modulus in cellulose I and II.

The crystalline lattice moduli of cellulose I and II were measured by X-ray dif-
fraction using ramie and mercerized ramie fibers (Matsuo et al., 1990). Values in the 
range 122–135 GPa and 106–112 GPa for cellulose I and II, respectively, were reported. 
It was shown that the crystal lattice moduli of cellulose I and II measured by X-ray 
diffraction depend upon morphological properties of the bulk specimen. Effects of 
the orientation factors of crystal and amorphous chains and crystallinity were con-
sidered. Numerical calculation indicated that the crystal lattice modulus measured 
by X-ray diffraction differs from the intrinsic lattice modulus when a parallel coupling 
between amorphous and crystalline phases is predominant, while both moduli were 
almost equal when a series coupling is predominant. The morphological dependence 
was found less pronounced when increasing the degree of molecular orientation and 
crystallinity. It was concluded that specimens with a high degree of molecular orien-
tation and crystallinity should be used for measuring crystal lattice moduli by X-ray 
diffraction methods.

Theoretical evaluation of the three-dimensional elastic constants for the cel-
lulose crystal forms I and II based on lattice dynamical treatment was reported by 
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Tashiro and Kobayashi (1991). The calculated Young’s modulus along the chain axis 
was 167.5 GPa for form I and 162.1 GPa for form II. The lower value observed for form 
II was ascribed to the lower force constant value of intramolecular hydrogen bonds, 
showing again the importance of intramolecular hydrogen bonds, whereas the inter-
molecular hydrogen bonds were found to play a minor role. Anisotropy of the Young’s 
modulus and linear compressibility in the planes perpendicular to the chain axis 
were also calculated. The two transverse moduli were 11 GPa and 50 GPa.

X-ray diffraction measurements were also used to determine the elastic modulus 
of the crystalline regions of cellulose polymorphs in the direction parallel to the chain 
axis (Nishino et al., 1995). Starting materials for cellulose I and II were purified ramie 
and polynosic fibers. Values of 138, 88, 87, 58 and 75 GPa were reported for cellu-
lose  I, II, IIII, IIIII and IVI, respectively. This indicated that the skeleton conforma-
tion of the different polymorphs changed upon crystal transitions and that each was 
completely different from a mechanical point of view. The crystal transition induced 
a skeletal contraction accompanied by a change in intramolecular hydrogen bonds, 
which is considered to result in a drastic change in the modulus value of the cellulose 
polymorphs. Indeed, cellulose I that showed the highest modulus value displayed 
the longest fiber identity period  (FIP). The elastic modulus of cellulose was also cal-
culated for geometries obtained from numerical studies of the structure using a force 
field (Reiling and Brickmann, 1995). Values of 134 and 135 GPa were reported for cel-
lulose I, using the Reuss and Voigt limits, respectively, and a value of 83 GPa was 
calculated for cellulose II.

Molecular dynamics modeling was used to investigate the structure and mechani-
cal properties of regenerated cellulose fibers (Ganster and Blackwell, 1996). The lon-
gitudinal modulus at room temperature was determined to be 155 GPa, whereas the 
value in the perpendicular direction varied between 24 and 51 GPa.

Measurements of the elastic modulus of tunicin, the cellulose extracted from 
tunicate – a sea animal – using Raman  spectroscopic technique has been reported 
(Šturcova et al., 2005). Epoxy/tunicin nanocomposites were deformed using a 
four-point bending test, and the shift in the characteristic Raman band located at 
1095 cm−1 was used as an indication of the stress in the material. Furthermore, since 
no broadening of the Raman band upon deformation was observed, it was shown 
that this shift was related to direct chain stretching of cellulose and that relatively 
little amorphous/crystalline effects seen with semicrystalline cellulosic fibers occur. 
This analysis yielded a value of 143 GPa for the elastic modulus of the cellulose 
nanocrystal.

The elastic modulus of the cellulose Iβ crystal was also calculated by the molecu-
lar mechanics simulation technique (Tanaka and Iwata, 2006). The derived values 
varied from 124 to 155 GPa. The molecular mechanics modeling of the deformation 
of a number of proposed structures for the crystalline regions of cellulose Iα, Iβ and 
II has been reported (Eichhorn and Davies, 2006). Chain stiffness values in the range 
136–155 GPa and 116–149 GPa have been reported for cellulose Iα and Iβ, respectively. 
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For cellulose II the values were in the range 109–166 GPa. By removal of the hydrogen 
bonding in the structure, the stiffness of the chain decreased to 114–117 GPa, 124–127 
GPa and 101–106 GPa for cellulose Iα, Iβ and II, respectively, showing the effect of this 
important parameter.

The elastic modulus of cellulosic nanocrystals (inappropriately called single 
microfibrils in the study) prepared from tunicate was also measured by AFM using 
a three-point bending test (Iwamoto et al., 2009). The tunicin nanocrystals were pre-
pared by two chemical methods, namely by oxidation of cellulose with 2,2,6,6-tetra-
methylpiperidine-1-oxyl radical (TEMPO) as a catalyst followed by a subsequent 
mechanical disintegration in water, and by sulfuric acid hydrolysis. The nanocellu-
losic materials were deposited on a specially designed silicon wafer with grooves 227 
nm in width. The three-point bending test was applied using an AFM cantilever in 
which the AFM tip was used as the third loading point and measured the applied force 
and the displacement of nanocrystals that bridged the nanoscale grooves fabricated 
on the substrate. Values of 145 and 150 GPa were reported for nanocrystals prepared 
by TEMPO-oxidation and acid hydrolysis, respectively.

A procedure was recently developed to calculate the transverse elastic modulus 
of cellulose nanocrystals by comparing the experimentally measured force-dis-
tance curves with 3D finite element calculations of tip indentation on the cellulose 
nanocrystals (Lahiji et al., 2010). The influence of relative humidity (RH) on the stiff-
ness of cellulose nanocrystals was measured by comparing AFM measurements on 
the same nanoparticle under different humidity conditions (0.1 and 30% RH). The 
transverse modulus of an isolated cellulose nanocrystal was estimated to be between 
18 and 50 GPa at 0.1% RH (flowing N2 gas). A minimal effect of RH was reported, con-
firming the resistance of the cellulose crystals to water penetration. The flexibility of 
the nanocrystals was also investigated by using the AFM tip as a nanomanipulator. 
It showed nanocrystal bending, but it was unclear if this resulted from single-crystal 
bending or multiple cellulose nanocrystals pivoting to their contact point.

The different values reported for the stiffness of cellulose nanocrystals are col-
lected in Table 1.4. These values are comparable to those reported for aromatic ring 
polymers such as poly-p-phenylene terephtalamide (153–200 GPa) and poly-m-phe-
nylene isophtalamide (88 GPa) (Tashiro et al., 1977). However, it is much lower than 
that (235 GPa) of polyethylene, which possesses the maximum elastic modulus of the 
crystalline regions in the direction parallel to the chain axis (Nakamae et al., 1991). 
However, if the cross-sectional area of each individual molecule is considered, it is 
found that the modulus value is similar for cellulose and polyethylene. The different 
values reported for the crystal of cellulose are comparable to those reported for pure 
crystalline β-chitin produced by the marine diatom Thalassiosira fluviatilis (Xu et al., 
1994). 
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Material Method EL (GPa) ET (GPa) Reference

Cellulose I Calculation 77–121 (Meyer and Lotmar, 1936)
56 (Treloar, 1960)

Bleached ramie 
fibers (cellulose I)

X-ray diffraction 134 (Sakurada et al., 1962)

Fortisan H fibers
(cellulose II)

X-ray diffraction 70–90 (Mann and Roldan-Gonzales, 
1962)

Cellulose I Calculation 172.9* (Tashiro and
70.8** Kobayashi, 1985)
76 51–57 (Jaswon et al., 1968

Cellobiose 
(two hydrogen 
bonds – cellulose I)

Calculation 136 ± 6 (Kroon-Batenburg et al., 1986)

Cellobiose 
(one hydrogen 
bond – cellulose II)

89 ± 4

Ramie fibers  
(cellulose I)

X-ray diffraction 122–135 (Matsuo et al., 1990)

Mercerized ramie 
fibers (cellulose II)

106–112

Cellulose I Calculation 167.5 11 (Tashiro and Kobayashi,
1991)Cellulose II 162.1 50

Purified ramie  
fibers (cellulose I)

X-ray diffraction 138 (Nishino et al., 1995)

Polynosics  
(cellulose II)

88

Cellulose IIII 87
Cellulose IIIII 58
Cellulose IVI 75

Cellulose I Calculation 134–135 (Reiling and Brickmann, 1995)
Cellulose II 83
Cellulose II Calculation 155 24–51 (Ganster and Blackwell, 1996)

Cellulose Iα Calculation 127.8 (Neyertz et al., 2000)
Cellulose Iβ 115.2

Cellulose Iβ Raman 143 (Šturcova et al., 2005)

Cellulose Iβ Calculation 124–155 (Tanaka and Iwata, 2006)

Cellulose Iα Calculation 136–155*

114–117**
(Eichhorn and Davies, 2006)

Cellulose Iβ 116–149*

124–127**

Cellulose II 109–166*

101–106**
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Material Method EL (GPa) ET (GPa) Reference

Cellulose Iβ Calculation 156 at 300 K
117 at 500 K

(Bergenstråhle et al., 2007)

Cellulose I Raman 57–105 (Rusli and Eichhorn, 2008)
Ramie fibers 
 (cellulose I)

Inelastic X-ray 
scattering

220 15 (Diddens et al., 2008)

TEMPO-oxidized 
Cellulose Iβ

AFM 145 (Iwamoto et al., 2009)

Acid hydrolyzed 
Cellulose Iβ

150

Wood AFM 18–50 (Lahiji et al., 2010)

Disaccharide  
cellulose Iβ

Calculation 85.2*/37.6** (Cintrón et al., 2011)

Disaccharide  
cellulose Iβ

99.7*/33.0**

Extended  
cellulose Iβ chains 
(10–40 glucoses)

126.0*/63.3**

* with intramolecular hydrogen bondings
** without intramolecular hydrogen bondings

Table 1.4: Longitudinal (EL) and transverse (ET) moduli of crystalline cellulose.

These impressive mechanical properties make cellulose nanoparticles ideal candi-
dates for the processing of reinforced polymer composites. Incorporating these nano-
particles in a synthetic or natural polymeric matrix consists therefore in biomimeting 
nature. All what scientists need to do is to try to mimic nature or to exploit natural 
biocomposites in order to develop novel materials that can be suitable to our needs 
without being harmful to the environment.

1.8  Cellulose-based materials 

There is a growing interest in the utilization of biological materials, such as wood, not 
only as construction materials or as raw material for pulp and paper production, but 
also as a new feedstock for the development of advanced materials with tailor-made 
properties. Indeed, many commonly-used polymeric materials pose problems at the 
end of their intended life and are derived from petroleum. The fast-paced consump-
tion of petroleum, roughly 100,000 times faster than nature can replenish it, and the 
general disposal possibilities, incineration and land filling, contribute to the unsus-
tainability of the current situation (Netravali and Chabba, 2003). General solutions 
to this problem can focus either on the supply side, the life-end side, or on both at 
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the same time. A vast amount of publications are available with work focusing on the 
development of polymers from renewable materials and on biodegradable polymers 
and composites (Mohanty et al., 2000; Rouilly and Rigal, 2002; Flieger et al., 2003; 
Bastioli, 2005; Wool and Sun, 2005; Yu et al., 2006).

Replacement of conventional plastics by degradable polymers, particularly for 
short-lived applications such as packaging, catering, surgery or hygiene, is of major 
interest for different actors in socio-economic life (from the plastics industry to the 
citizen). The potential of biodegradable polymers and more specifically of polymers 
derived from agro-resources, such as polysaccharides, has long been recognized. 
However, to date, these agro-polymers largely used in some applications (e.g. the food 
industry) have not found extensive applications in non-food industries, although they 
could be an interesting way to overcome the limitation of the petrochemical resources 
in the future. Material valorization implies some limitations linked to difficulties in 
achieving accurate and economically viable outlets.

Cellulose and more generally polysaccharides present some well-known advan-
tages, namely low cost, lightweight, renewable character, high specific strength and 
modulus, availability in a variety of forms throughout the world, reactive surface and 
the possibility to generate energy, without residue, after burning at the end of their 
life cycle.

Two main groups of cellulose-based materials can be basically distinguished, viz. 
thermoplastically processable cellulose derivatives, such as esters, which can be used 
for extrusion and molding, and cellulose composites suitable only for treatment in 
conventional processes. Cellulose as a material is used by the natural world in the 
construction of plants and trees, and by man to make sails, ropes and clothes to name 
but a few examples. It is also the major constituent of paper and further processing 
can be performed to make cellophane and rayon.

1.8.1  Thermoplastically processable cellulose derivatives

Cellulose  was used to produce the first successful thermoplastic polymer, celluloid, by 
the Hyatt Manufacturing Company in 1870. The compound was first chemically syn-
thesized (without the use of any biologically derived enzymes) in 1992, by Kobayashi 
and Shoda (Klemm et al., 2005). As a carbohydrate, the chemistry of cellulose is 
primarily the chemistry of alcohols and it forms many of the common derivatives of 
alcohols, such as esters, ethers, etc. The hydroxyl groups of cellulose can be partially 
or fully reacted with various chemicals to provide derivatives with useful properties. 
These derivatives form the basis for much of the industrial technology of cellulose in 
use today. Because of the strong hydrogen bonds that occur between cellulose chains, 
cellulose does not melt or dissolve in common solvents. Thus, it is difficult to convert 
the short fibers from wood pulp into the continuous filaments needed for artificial 
silk, an early goal of cellulose chemistry. Several different cellulose derivatives were 


